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ORIGINALITY AND SIGNIFICANCE STATEMENT 1 
 2 
Because of the ease in hosting harsh redox reactions, the soil bacterium Pseudomonas putida has 3 
become a favorite workhorse for industrial and environmental biocatalysis. Yet, what makes this 4 
bacterium such a naturally-good metabolic container of strongly oxidative biotransformations? We have 5 
addressed this question by inspecting some key features of the internal redox balance during 6 
biodegradation of m-xylene and benzoate, catalyzed by the TOL catabolic pathway borne by P. putida 7 
mt-2. Our data show that the oxidative stress caused by such a metabolic process, evidenced both at 8 
the transcriptional and macroscopic phenotype levels, is kept at bay by a shift in central metabolism 9 
that favors formation of NADPH, the key cofactor to quell reactive O2 species (ROS). In order to test 10 
whether transhydrogenases enabled a sustained supply of reducing power under such a redox-11 
demanding growth regime, their cognate genes were deleted and the resulting mutants subject to a 12 
battery of genetic, biochemical, and phenomic tests. The results accredited the key role of 13 
transhydrogenases for meeting the high NADPH demand caused by internal and external ROS stress. 14 
The data presented in this article not only provides a new angle to the known central metabolism of this 15 
bacterium, but also helps to understand Pseudomonas species as an evolutionarily-adapted cradle of 16 






The metabolic versatility of the soil bacterium Pseudomonas putida is reflected by its ability to execute 3 
strong redox reactions (e.g., mono- and di-oxygenations) on aromatic substrates. Biodegradation of 4 
aromatics occurs via the pathway encoded in the archetypal TOL plasmid pWW0, yet the effect of 5 
running such oxidative route on redox balance against the background metabolism of P. putida remains 6 
unexplored. To answer this question, the activity of pyridine nucleotide transhydrogenases (that 7 
catalyze the reversible interconversion of NADH and NADPH) was inspected under various 8 
physiological and oxidative stress regimes. The genome of P. putida KT2440 encodes a soluble 9 
transhydrogenase (SthA) and a membrane-bound, proton-pumping counterpart (PntAB). Mutant strains, 10 
lacking sthA and/or pntAB, were subjected to a panoply of genetic, biochemical, phenomic, and 11 
functional assays in cells grown on customary carbon sources (e.g., citrate) versus difficult-to-degrade 12 
aromatic substrates. The results consistently indicated that redox homeostasis is compromised in the 13 
transhydrogenases-defective variant, rendering the mutant sensitive to oxidants. This metabolic 14 
deficiency was, however, counteracted by an increase in the activity of NADP+-dependent 15 
dehydrogenases in central carbon metabolism. Taken together, these observations demonstrate that 16 
transhydrogenases enable a redox-adjusting mechanism that comes into play when biodegradation 17 




Pseudomonas putida mt-2 is a soil bacterium characterized by a remarkable metabolic versatility, which 22 
enables it to degrade a wide variety of natural and recalcitrant aromatic compounds (Nikel et al., 2014b; 23 
2014c; Nikel et al., 2016). Apart from the customary substrates typically used in the laboratory (e.g., 24 
hexoses and organic acids), this microorganism can utilize, inter alia, toluene, m-xylene, and p-xylene 25 
as the sole carbon source through the biodegradation pathways encoded in the TOL plasmid pWW0 26 
(Williams and Murray, 1974; Franklin et al., 1981; Ramos et al., 1997). When cells are confronted with 27 
aromatic compounds they face a revealing paradox. On one hand, such chemical species can be 28 
mineralized to yield carbon precursors and ATP needed for growth, thereby allowing the bacterium to 29 
colonize environmental niches that are restrictive to many other microbes (Martins dos Santos et al., 30 
2004). On the other hand, toluene and xylenes are quite toxic for bacteria above a certain threshold 31 
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concentration, since they can partition into the bacterial cell membrane and disorganize its structure by 1 
removing lipids and proteins, which eventually leads to cell death, and also by causing redox stress 2 
(Ramos et al., 2015). DNA microarray technology demonstrated that P. putida processes three different 3 
input signals from aromatic substrates at the transcriptional level (Domínguez-Cuevas et al., 2006), 4 
namely, [i] a nutritional signal triggering a large metabolic program for aromatics degradation, [ii] a toxic 5 
signal that enables both a solvent extrusion and tolerance response, and [iii] interference with the 6 
protein folding machinery leading to activation of the heat-shock regulon. How such a transcriptional 7 
program propagates into the biochemical network of P. putida cells when they face these carbon 8 
substrates remains a puzzling issue, in particular in terms of the interplay between central carbon 9 
catabolism and peripheral redox reactions during oxidative biodegradation of environmentally-available 10 
aromatic compounds. One key question in this regard is how cells balance catabolic NADPH formation 11 
with anabolism during the operation of a strongly oxidative catabolic pathway. 12 
 13 
The commonly accepted tenet is that the redox cofactor NADH is related to ATP generation through 14 
respiratory processes by means of oxidative phosphorylation, and that NADPH, in contrast, is mostly 15 
used as a cofactor for anabolic reductions and to quell the formation of reactive O2 species (ROS) 16 
(Spaans et al., 2015). During heterotrophic growth on hexoses, the oxidative pentose phosphate (PP) 17 
pathway, the Entner-Doudoroff (ED) pathway, and the isocitrate dehydrogenase step in the tricarboxylic 18 
acid (TCA) cycle are the predominant NADPH-generating reactions in most microorganisms (Fuhrer 19 
and Sauer, 2009)–including strain KT2440, a derivative of P. putida mt-2 cured of the TOL plasmid 20 
(Bagdasarian et al., 1981). However, total NADPH generation rates are governed by the actual carbon 21 
fluxes through catabolic pathways, which are in turn modulated by environmental conditions. The 22 
anabolic use of NADPH for biomass formation and to counterfeit stress should be also satisfied by 23 
redox homeostasis mediated by the activity of catabolic pathways (Nikel and Chavarría, 2015). P. 24 
putida KT2440 operates the so-called EDEMP cycle, a combination of enzymes from the ED pathway, 25 
the PP pathway, and the (incomplete) Embden-Meyerhof-Parnas (EMP) pathway, to process glucose 26 
(Nikel et al., 2015)–the cyclic operation of central metabolism contributing to maintain the redox balance 27 
through the activity of several dehydrogenases that yield NADPH (Fig. 1A). This remarkable metabolic 28 
heftiness is bound to be different in the presence of aromatic compounds because of the very chemical 29 
nature of the substrates. 30 
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Besides the major dehydrogenases in the central catabolic pathways that produce or consume NAD(P)+ 1 
and NAD(P)H (Fig. 1A), bacteria resort to pyridine nucleotide transhydrogenases in order to fine-tune 2 
the size and degree of reduction of the nicotinamide nucleotide pools (Fig. 1B). Transhydrogenases are 3 
enzymes that catalyze a hydride transfer from position 4 of a reduced pyridine nucleotide to position 4 4 
of an oxidized pyridine nucleotide or a chemical analogue (Hoek and Rydström, 1988). Although 5 
transhydrogenases have been studied in depth in E. coli (Clarke and Bragg, 1985; Sauer et al., 2004) 6 
and other organisms (Voordouw et al., 1983; Fisher-Wellman et al., 2015), and even used as a 7 
metabolic engineering tool for the manipulation of redox cofactors (Sánchez et al., 2006; Jan et al., 8 
2013; Lee et al., 2013), their role in P. putida (as well as in many other environmental bacteria) remains 9 
largely obscure, even though there are two putative transhydrogenases encoded in the genome of the 10 
model strain KT2440 (Fig. 1C). Surprisingly enough, the first evidence of transhydrogenation comes 11 
from early biochemical studies performed on P. fluorescens (Colowick et al., 1952; Kaplan et al., 1952). 12 
 13 
In this work, the adaptations in the redox metabolism of P. putida KT2440 carrying the pWW0 catabolic 14 
plasmid were addressed in cells exposed to m-xylene or benzoate, two substrates of the TOL pathway. 15 
The data below accredit not only a network-wide re-routing of carbon skeletons towards NADP+-16 
dependent dehydrogenases, but also identify transhydrogenases as key players of redox homeostasis 17 
under biodegradation conditions. These enzymes enabled endurance against the oxidative stress 18 
imposed either by the catabolism of these aromatic substrates themselves or by external metabolic and 19 
oxidative perturbations. The thereby achieved robustness in the redox balance helps explaining why 20 
Pseudomonas species are frequent hosts of oxidative routes for aromatic pollutants. 21 
 22 
RESULTS AND DISCUSSION 23 
 24 
Aromatic compounds impose stressful conditions to Pseudomonas putida KT2440 (pWW0)  25 
 26 
Central carbon catabolism in P. putida KT2440 is characterized by a remarkable metabolic flexibility 27 
that enables the bacterium to cope with harsh and diverse environmental conditions (Nelson et al., 28 
2002; Ebert et al., 2011; Poblete-Castro et al., 2012; Belda et al., 2016). One example of this type of 29 
energy- and redox-demanding conditions is found during biodegradation of xenobiotics. Some 30 
Pseudomonas species are evolutionary endowed with the necessary enzymatic activities to break down 31 
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a plethora of recalcitrant compounds–the TOL plasmid pWW0 of P. putida mt-2, for instance, encodes 1 
all the enzymes needed for the conversion of toluene and xylenes into central metabolic intermediates 2 
[i.e., pyruvate, acetyl-coenzyme A (CoA), and succinate] (Jiménez et al., 2002). However, the interplay 3 
between aromatic carbon sources consumption, the overall cell physiology, and the activity of specific 4 
metabolic pathways has not been explored in detail thus far. 5 
 6 
The mere exposure of bacterial cells to aromatic substrates and solvents is known to result in 7 
transcriptional and physiological responses compatible with those observed under oxidative stress 8 
conditions (Heipieper et al., 2007; Blank et al., 2008; 2010; Mailloux et al., 2011; Mandalakis et al., 9 
2013). This is also the case for other bacteria thriving on aromatic substrates, such as Ochrobactrum 10 
anthropi (Tamburro et al., 2004). As a first attempt to characterize the effect of alternative carbon 11 
sources in the metabolism of P. putida KT2440 carrying the TOL plasmid pWW0, the redox-sensitive 12 
fluorescent probe 2',7'-dichlorodihydrofluorescein diacetate (H2DCF-DA) was used to assess the 13 
endogenous formation of ROS in vivo by means of flow cytometry. H2DCF-DA is a chemically reduced 14 
and acetylated form of 2′,7′-dichlorofluorescein (DCF). As such, it is non-fluorescent until the acetate 15 
groups are removed by intracellular esterases and oxidation occurs within the cell yielding highly 16 
fluorescent DCF. H2DCF-DA reacts with peroxides (Dwyer et al., 2014), and it has been shown to be 17 
particularly reactive towards H2O2 (Gomes et al., 2005; Owusu-Ansah et al., 2008). The carbon sources 18 
selected for our experiments were [i] m-xylene, a bona fide TOL substrate; [ii] benzoate, which can be 19 
processed by both the TOL-encoded meta pathway or the chromosomally-encoded ortho (-20 
ketoadipate) pathway (Sudarsan et al., 2016), and [iii] citrate, a gluconeogenic substrate used in control 21 
cultures. The flow cytometry measurements revealed that accumulation of ROS was substantially 22 
higher in benzoate and m-xylene cultures than in cells growing on citrate (Fig. 2A); m-xylene mediating 23 
the most stressful growth condition among those tested. In order to further characterize the stress 24 
response in cells growing on aromatic substrates, we resorted to a plasmid-based set of transcriptional 25 
stress reporters (Fig. 2B). The promoters of ahpC, katA, and katB were fused to the promoterless gene 26 
encoding the monomeric and superfolder GFP (msf·GFP), and the resulting fluorescence was 27 
measured in P. putida KT2440 carrying the TOL plasmid pWW0. Consistently with the results of the in 28 
vivo ROS accumulation, all three stress-responsive promoters were induced upon growth of the cells on 29 
either m-xylene or benzoate as compared to the activity in citrate cultures (Fig. 2B, left panel). The 30 
PkatB→msf·gfp fusion, for instance, had a 4- and 7-fold induction in cells growing on m-xylene or 31 
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benzoate, respectively. In a separate set of experiments, these transcriptional fusions were calibrated 1 
using bona fide stress inducers, such as the redox-active, peroxide-generating compound methyl 2 
viologen (Paraquat; N,N′-dimethyl-4,4′-bipyridinium dichloride) and H2O2 (Fig. 2B, right panel). All three 3 
promoters (i.e., PahpC, PkatA, and PkatB) were highly responsive to either oxidant, with induction levels 4 
reaching up to ca. 40-fold in the presence of 0.25 mM methyl viologen as compared to the fluorescence 5 
observed in citrate cultures. Interestingly, the three transcriptional fusions had induction levels in the 6 
presence of 1.5 mM H2O2 (ca. 9-fold) that were very similar to that observed for PkatB→msf·gfp in 7 
benzoate cultures. Taken together, these results indicate that cells growing on aromatic substrates 8 
experience oxidative stress, as hinted by ROS accumulation and transcriptional analysis of stress-9 
responsive promoter fusions to msf·gfp. The next question was to investigate how such stress condition 10 
propagates into the biochemical network of P. putida and whether it elicited any metabolic response. 11 
 12 
Aromatic substrates cause a metabolic regime favoring NADPH formation in Pseudomonas putida 13 
KT2440 (pWW0) 14 
 15 
The bioreactions that constitute the core biochemical network of P. putida can be grouped into four 16 
main functional blocks: [i] ED pathway, [ii] PP pathway, [iii] an incomplete EMP pathway (Chavarría et 17 
al., 2013), and [iv] TCA cycle and gluconeogenesis (Fig. 1A). Dehydrogenases of central carbon 18 
metabolism provide or use reducing equivalents, and some of them are considered to be the main 19 
source of NADPH needed not only for anabolism but also for counteracting oxidative stress (Singh et 20 
al., 2007; Fuhrer and Sauer, 2009). The activity of the major dehydrogenases from the four metabolic 21 
blocks of P. putida(pWW0) was thus explored under biodegradation conditions. Two main 22 
dehydrogenases of the EMP pathway were analyzed: glyceraldehyde-3-P dehydrogenase (Gap) and 23 
the pyruvate dehydrogenase (PDH) complex (Fig. 3). The total NAD+-dependent Gap activity was 24 
relatively low under all the conditions, and there were no significant differences between the different 25 
carbon sources used. PDH, which also generates NADH, had a slightly lower activity in both m-xylene 26 
and benzoate than in citrate cultures. The differences in activity mediated by each carbon source 27 
became more evident when analyzing the two major dehydrogenases of the oxidative PP pathway, i.e., 28 
glucose-6-P dehydrogenase (Zwf) and gluconate-6-P dehydrogenase (Gnd). These enzymes display a 29 
preference for NADP+ as the cofactor (Olavarria et al., 2015), and their capability to contribute NADPH 30 
under biodegradation conditions was clear: the Zwf activity increased 3- and 4-fold in benzoate and m-31 
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xylene cultures as compared to that observed on citrate, and the Gnd activity augmented ca. 3-fold for 1 
the same comparison. The third metabolic block considered in this part of the study was the TCA cycle 2 
along with gluconeogenic reactions. Note that gluconeogenesis is expected is to be particularly active 3 
when aromatic carbon sources are used by P. putida. The NADP+-dependent isocitrate dehydrogenase 4 
(Icd) followed the same trend as the PP dehydrogenases: the activity approximately doubled on both m-5 
xylene and benzoate cultures with respect to citrate. In contrast, the 2-ketoglutarate dehydrogenase 6 
activity, which preferentially uses NAD+ as the cofactor, decreased on aromatic substrates (36% and 7 
53% lower in m-xylene and benzoate, respectively, as compared with the in vitro activity in control 8 
cultures). Malate dehydrogenase (Mdh, a NAD+-using dehydrogenase) had a low activity under all the 9 
conditions tested, with no significant differences among the substrates. The pyruvate-generating, 10 
gluconeogenic NADP+-dependent malic enzyme (MaeB) had a very high activity in all the conditions 11 
analyzed, with a 1.3-fold increase in aromatic substrates-dependent growth as compared to control 12 
conditions with citrate as the carbon source. 13 
 14 
Yet, what is the impact of these metabolic (re)arrangements in the actual availability of reducing 15 
equivalents when cells grow on different carbon sources? There is a significant level of post-16 
translational regulation of the key enzymes in central carbon metabolism, and hence their activities 17 
cannot be used as a direct descriptor of redox status. We thus measured the intracellular concentration 18 
of NADPH, as it is the redox cofactor that seemed to be over-produced under biodegradation 19 
conditions. The NADPH concentration in exponentially-growing KT2440 cells from glucose cultures was 20 
276 ± 28 M, consistent with previous reports (Chavarría et al., 2013; Nikel et al., 2015; Olavarria et 21 
al., 2015). In citrate cultures, this value increased 1.8-fold, reflecting the gluconeogenic demand of 22 
NADPH under these conditions. However, when benzoate was used as the sole carbon source, the 23 
actual NADPH concentration increased 2.6-fold as compared to that in glucose-grown cells. Alas, the 24 
concentration of NADPH could not be assessed in m-xylene–grown cells, as the extraction process for 25 
pyridine nucleotides was flawed by the presence in the medium of this very hydrophobic growth 26 
substrate (data not shown). In any case, this distribution of reducing equivalents reflects the activities of 27 
the individual NADP+-dependent dehydrogenases in central carbon metabolism under the culture 28 
conditions explored in the present study. The high NADPH regeneration rates in P. putida growing on 29 
aromatic substrates could arise from the imbalance between O2 demands (i.e., needed for the oxidation 30 
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of the carbon source) and the reducing power that the cells could generate from these compounds 1 
(Blank et al., 2008; Bühler et al., 2008). 2 
 3 
Together with the results above, these in vitro determinations indicated that [i] biodegradation of 4 
aromatic carbon sources imposes an oxidative stress regime on P. putida (pWW0) cells, [ii] a network-5 
wide adaptation of central metabolism takes place under these conditions, decreasing the activity of 6 
some NAD+-dependent enzymes concomitantly with an increase in the activity of most NADPH-forming 7 
bioreactions, and [iii] growth on these substrates generate a decrease in the actual intracellular 8 
concentration of NADPH. This situation, in turn, points to a high demand of NADPH when aromatic 9 
substrates are used. Since all the enzymes analyzed in this section have a role not only in redox 10 
balance but also generating metabolic intermediates (i.e., also affecting carbon balance), we wondered 11 
if there were other mechanisms not coupled to central carbon metabolism that may be relevant to 12 
maintain redox homeostasis under biodegradation conditions. One such specific mechanism is the 13 
interconversion of the NADH/NADPH pools, not coupled to carbon metabolism, catalyzed by pyridine 14 
nucleotide transhydrogenases. 15 
 16 
Pyridine nucleotide transhydrogenases in Pseudomonas putida KT2440 17 
 18 
Pyridine nucleotide transhydrogenases catalyze the reversible reduction of either NAD+ or NADP+ by 19 
NADPH or NADH (E.C. 1.6.1.1/E.C. 1.6.1.2) in diverse (micro)organisms (Fig. 1B). E. coli, for instance, 20 
is endowed with a soluble pyridine nucleotide transhydrogenase encoded by sthA (formerly known as 21 
udhA), and a membrane-bound, H+-translocating pyridine nucleotide transhydrogenase encoded by 22 
pntAB. While the primary physiological role of SthA appears to be the re-oxidation of NADPH, PntAB 23 
couples the reduction of NADP+ by NADH to an inward H+ translocation across the bacterial membrane 24 
(Sauer et al., 2004; Fuhrer and Sauer, 2009). Most of the studies about the transhydrogenases of E. 25 
coli were conducted using more or less 'customary' carbon sources, such as glucose, glycerol, or 26 
acetate. Considering the extensive repertoire of carbon compounds that Pseudomonads can process 27 
and utilize, the relevant question is what is the role of transhydrogenases (if any) when P. putida faces 28 
alternative substrates–particularly when substrates of the TOL biodegradation pathway are used as the 29 




The published genomic sequence of P. putida KT2440 includes three genes which encode (putative) 1 
transhydrogenase enzymes; i.e., sthA and pntAB (Fig. 1C). The soluble transhydrogenase SthA 2 
(encoded by PP_2151) of strain KT2440 is a 464 amino acid-long protein (Mr = 50.9 kDa) that shares 3 
99% identity with the same polypeptide of P. aeruginosa PAO1 (Cohen and Kaplan, 1970) and 60% 4 
identity with SthA of E. coli K-12 strain MG1655. Regarding the genes potentially encoding the 5 
membrane-bound transhydrogenase, pntA of P. putida KT2440 (i.e., PP_0156) had been annotated in 6 
the Pseudomonas Genome Database (Winsor et al., 2016) as to contain a frameshift mutation that 7 
prevented the formation of a functional polypeptide. Inspection of the chromosomal sequence resulting 8 
from the latest genome sequencing of this bacterium (Belda et al., 2016), however, indicates that pntA 9 
has the potential to encode a 373 amino acid-long protein (Mr = 38.9 kDa). The sequence of pntA in 10 
strain KT2440 was further checked in the present study by Sanger sequencing (see Table S2 in the 11 
Supporting Information for details). Comparison of the resulting PntA polypeptide with published protein 12 
sequences using the BlastP search tool reveals >99% identity with the  subunit of putative NAD(P)+ 13 
transhydrogenases from several other Pseudomonas species (e.g., P. monteilii, P. entomophila, P. 14 
rhizophila, P. mosselii, P. plecoglossicida, P. cremoricolorata, P. japonica, and P. parafulva). Apart of 15 
these coincidences, PntA in P. putida KT2440 shares a 83% identity with PntA of P. aeruginosa PAO1 16 
and 45% with the same peptide of E. coli K-12 strain MG1655. Further in silico analysis of the 17 
corresponding PntA polypeptide by means of the Conserved Domain Database search tool (Marchler-18 
Bauer et al., 2015) indicated the presence of a well-defined NAD(P) binding domain, conserved in 19 
several transhydrogenases including PntA of E. coli K-12 strain MG1655 (a 510 amino acid-long 20 
protein). Other amino acid signatures include homodimer and trimer interfaces, reflecting the multimeric 21 
nature of the PntAB transhydrogenase, a conserved feature in bacterial transhydrogenases–as well as 22 
in the enzymes of other Life domains, e.g., in the mitochondrial transhydrogenase of mammals (Nickel 23 
et al., 2015). PntB, encoded by PP_0155, is a 478 amino acid-long protein (Mr = 50.2 kDa), and 24 
constitutes the full-length, bona fide  subunit of the membrane-bound NAD(P)+ transhydrogenase in P. 25 
putida KT2440. This polypeptide shares a 88% and 51% identity with PntB of P. aeruginosa PAO1 and 26 
E. coli K-12 strain MG1655, respectively. A functional analysis of transhydrogenation in P. putida 27 
KT2440 was therefore needed to assess these in silico predictions, which related both 28 
transhydrogenase enzymes to those in other Pseudomonas species rather than the more studied 29 




Functional analyses of transhydrogenases in Pseudomonas putida KT2440 carrying the TOL plasmid 1 
pWW0 2 
 3 
In an attempt to elucidate the regulatory network that rules the transcription and translation of the two 4 
transhydrogenases of P. putida KT2440, the genome-wide RNA sequencing results published by Kim et 5 
al. (2013) among a range of culture conditions were firstly explored. Both sthA and pntAB were found to 6 
be actively transcribed in M9 minimal medium containing glucose, fructose, succinate, or glycerol as the 7 
main carbon source–although a low level of either transcript was produced in all the conditions 8 
surveyed. Consistent with the results reported in E. coli by Sauer et al. (2004), there was a slight (2-9 
fold) decrease in the transcription of sthA in P. putida cells grown on glycerol as compared to hexoses 10 
(Nikel et al., 2014a). Since there was no distinct transcriptional regulation of neither sthA nor pntAB 11 
under the conditions reported by Kim et al. (2013), the transcriptional and translational regulation were 12 
explored in combination by assessing the in vitro activity of lacZ translational fusions. The constructed 13 
(sthA'-'lacZ) and (pntA'-'lacZ) fusions comprised the 30 leading structural codons of either sthA or 14 
pntA preceded by a 500-bp long DNA region likely to contain the corresponding PsthA or PpntA promoters 15 
(Fig. 4A and 4B). These translational fusions were evaluated in the P. putida KT2440(pWW0) genetic 16 
background using glucose, citrate, m-xylene, or benzoate as the carbon source. The level of 17 
transcription and translation of both sthA and pntA was low in minimal medium with either glucose or 18 
citrate (<300 -galactosidase units, Fig. 4A and 4B), mirroring the mRNA sequencing results discussed 19 
above. However, a significant increase in the -galactosidase signal was detected when m-xylene or 20 
benzoate were used as the carbon sources. Cells carrying the (sthA'-'lacZ) fusion showed a 5- and 6-21 
fold increase in the -galactosidase activity upon exposure to benzoate and m-xylene as compared to 22 
that in citrate cultures, respectively (Fig. 4A). The raise of the activity in cells expressing the (pntA'-23 
'lacZ) fusion was more modest in comparison, consisting in a mere 2-fold increase in benzoate and m-24 
xylene cultures as compared to the activity observed in citrate cultures (Fig. 4B). Note that this fusion 25 
captures the regulation of both pntA and pntB, as these two genes are likely to form an operon in the 26 
genome of P. putida. The overall activity of the pntA-based translation fusion was lower than that of the 27 
sthA counterpart probably because of the presence of a GTG start codon in the pntA coding sequence. 28 
The translation efficiency of the GUG codon versus the AUG codon has been reported to be in a 2:6 29 
ratio in E. coli (Reddy et al., 1985), an observation that supports the low -galactosidase activity 30 
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stemming from the pntA fusion. Yet, does this regulatory pattern translates into an actual 1 
transhydrogenation activity in P. putida? 2 
 3 
Transhydrogenation reactions are reportedly difficult to evaluate in vitro, and we resorted to the 4 
reduction of 3-acetylpyridine adenine nucleotide coupled to the oxidation of pyridine nucleotides for the 5 
biochemical assays reported herein. While the values obtained for P. putida KT2440(pWW0) among all 6 
the conditions tested (Fig. 4C) were less than one third of those observed in glucose-grown E. coli (Fig. 7 
4D), the activities were clearly distinguishable from the background dehydrogenase in the cell-free 8 
extract (< 2 nmol min-1 mg protein-1).The total transhydrogenase activity in glucose-grown E. coli 9 
BW25113 cells (used as a positive control) reached 28.5 ± 1.2 nmol min-1 mg protein-1 (Fig. 4D), 10 
consistent with previous reports (Sauer et al., 2004). The total transhydrogenase activity was similar in 11 
P. putida KT2440(pWW0) grown on glucose or citrate, but the enzymatic activity increased ca. 2-fold in 12 
benzoate and m-xylene cultures. Interestingly, > 70% of the transhydrogenase activity of P. putida 13 
could be recovered in the soluble fraction of the cell-free extract in all the cases tested, indicating that 14 
SthA is the main contributor to the overall activity detected in vitro. This result is in contrast with the 15 
pattern observed in E. coli BW25113, in which > 80% of the in vitro transhydrogenase activity 16 
corresponded to the cell membrane-enriched fraction (Fuhrer and Sauer, 2009), suggesting a 17 
predominant role of the membrane-bound PntAB enzyme in transhydrogenation. 18 
 19 
The biochemical and genetic evidence gathered indicates that [i] both SthA and PntAB are active in 20 
strain KT2440 among a range of culture conditions and [ii] the level of transcription and translation of 21 
the corresponding genes encoding transhydrogenases is kept low under the same conditions–with a 22 
significant increase in the in vitro activities upon growth on aromatic substrates. The possible 23 
relationship between transhydrogenase activity and macroscopic phenotypes of P. putida was the next 24 
issue to tackle. 25 
 26 
Growth kinetics and phenomic analysis of transhydrogenase-deficient Pseudomonas putida KT2440 27 
 28 
A coarse estimation of the phenotypic effect of eliminating either SthA or PntAB (either individually or 29 
together, Fig. 1C) was assessed by analyzing the specific growth rate () of P. putida KT2440(pWW0) 30 
carrying these mutations in several growth conditions (Table 1). In full agreement with the genetic and 31 
13 
 
biochemical results described above, there was no gross phenotypic differences among the wild-type 1 
strain and the transhydrogenase mutants in glucose or citrate cultures. The situation changed when 2 
either m-xylene or benzoate were used as the carbon source. The  value of the sthA pntAB mutant 3 
in either aromatic was the lowest, suggesting an additive effect of each transhydrogenase to the 4 
phenotype in the double mutant. In any case, it seems that eliminating sthA had a larger impact on 5 
bacterial growth than pntAB, a trait that was observed with both benzoate and m-xylene. As  is the 6 
overall consequence of a number of diverse metabolic processes taking place at the same time, the 7 
physiology of the mutants was further dissected by analyzing the phenomic signature of each 8 
transhydrogenase mutant. 9 
 10 
The Phenotype MicroArrayTM (PM) technology (Biolog Inc., Hayward, CA, USA) was adopted for the  11 
high-throughput phenotyping of the single sthA and pntAB mutants of P. putida KT2440. The full PM 12 
metabolic profile, comprising a set of 20 different plates (i.e., PM1 to PM20) was used for surveying 13 
metabolic and stress-related differences between the wild-type strain and mutant derivatives. The 14 
phenotypic reactions in the PM platform were recorded as the respiration kinetics using the reduction of 15 
tetrazolium dye as a general indicator of microbial respiration (Bochner et al., 2001; Bochner, 2009). 16 
The PM plates not only cover a range of carbon, nitrogen, phosphorous, and sulphur sources, but they 17 
also expose the influence of nutrient supplements, osmolytes, extreme pH values, and sensitivity to a 18 
collection of stressors. A simple perusal of the PM results indicates 35 phenotypic differences in the 19 
sthA mutant  as compared to the wild-type strain (i.e., 4 phenotypes gained and 31 phenotypes lost; 20 
Table S3 in the Supporting Information). The pntAB mutant, in contrast, gained 35 phenotypes as 21 
compared to P. putida KT2440, and had lost 22 physiological traits (Table S4 in the Supporting 22 
Information). Interestingly, there were 3 gain-of-function and 13 lost-of-function phenotypes shared by 23 
both mutant strains (Fig. 5A). Most of the lost phenotypes in the mutant strains could be related to four 24 
main functional categories, namely, [i] sensitivity to oxidative stress, [ii] ion toxicity, [iii] compounds that 25 
target the cell membrane, and [iv] antibiotics. Considering the mode of action of the compounds or 26 
culture conditions for which the transhydrogenase mutants were more sensitive than the parental strain, 27 
the emerging picture was that the mutants were affected in maintaining redox balance. A similarly 28 
sensitive phenotype was observed in a transhydrogenase-defective mutant of P. corrugata (Decorosi et 29 
al., 2011). In any case, the most prominent phenotype in both P. putida mutants was an increased 30 
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sensitivity to the oxidant methyl viologen, an aspect that was further pursued as disclosed in the next 1 
section. 2 
 3 
Transhydrogenase-deficient Pseudomonas putida strains are very sensitive to oxidative stress and 4 
display high levels of lipid peroxidation 5 
 6 
To further validate some of the stress-related profile given by the PM technology, the methyl viologen-7 
and menadione-mediated inhibition of growth was quantified in P. putida KT2440 and its sthA and 8 
pntAB derivatives (Fig. 5B). The addition of either ROS elicitor at 0.5 mM to exponentially-growing 9 
cells in citrate cultures caused a marked reduction in , that was used to calculate the normalized 10 
growth coefficient as a measure of bacterial growth inhibition. Both redox compounds elicited a similar 11 
response in all the cultures conditions and mutant strains tested. In P. putida, the maximal growth 12 
hindrance mediated by methyl viologen or menadione was ca. 28%, whereas the growth of the sthA 13 
strain was cut down by almost half. The pntAB mutant was not that much affected, displaying a mere 14 
10% to 20% growth inhibition. The combination of the two deletions, however, determined a much 15 
weaker stress-resistance phenotype, since P. putida sthA pntAB responded to the methyl viologen 16 
challenge by diminishing  by 70%. The stress sensitivity displayed by the double mutant was further 17 
exacerbated when using m-xylene or benzoate as the carbon source, to such an extent that this strain 18 
could not resume growth after the oxidative challenge (data not shown). Interestingly, a double sthA 19 
pntAB mutant of E. coli BW25113 was not able to resist an oxidative insult caused by 0.5 mM 20 
menadione in glucose cultures, a phenotype which is in line with the prominent role of PntAB in 21 
providing NADPH in Enterobacteria (Fuhrer and Sauer, 2009). Yet, is there a connection between 22 
transhydrogenation and the ability of P. putida to quell ROS formation? 23 
 24 
P. putida KT2440 and the sthA pntAB double mutant were grown using m-xylene or benzoate as the 25 
carbon source and stained with H2DCF-DA to assess the endogenous formation of ROS under 26 
biodegradation conditions when no transhydrogenase activity is present (Fig. 6A). Consistent with the 27 
phenotypic characterization experiments described so far, the mutant strain devoid of 28 
transhydrogenases had a higher accumulation level of ROS than the wild-type counterpart, that sums 29 
up to the oxidative stress produced by aromatic substrates themselves (Fig. 2A). This difference in 30 
ROS formation was particularly clear in m-xylene culturesthus reflecting a more impactful stress effect 31 
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by this aromatic compound as compared to benzoate. Since aromatic compounds are known to partially 1 
disrupt the integrity of the cell membrane as part of their toxic effect on microbial cells (Krell et al., 2012; 2 
Kim and Park, 2014), the possible link between ROS accumulation and membrane damage was also 3 
investigated in P. putida KT2440 and its sthA pntAB derivative. The biochemical assay based on the 4 
quantification of 2-thiobarbituric acid reactive species (TBARS) was adopted to estimate the presence 5 
of malondialdehyde and other reactive aldehydes that are generated during lipid peroxidation. Growing 6 
the wild-type cells on m-xylene or benzoate doubled lipid peroxidation as compared to control 7 
conditions using citrate (Fig. 6B). While there were no differences in TBARS accumulation between the 8 
two strains in citrate cultures, the transhydrogenase-defective mutant had a 3.5-fold higher level of lipid 9 
peroxidation than P. putida KT2440(pWW0) when using either aromatic substrate. The redox weakness 10 
of the sthA pntAB strain was further evidenced by addition of H2O2 at 2.5 mM to citrate cultures, a 11 
condition know to derive not only in massive ROS formation but also in peroxidation of membrane lipids 12 
in E. coli. Such oxidative challenge resulted in the highest accumulation of TBARS among the 13 
conditions tested, i.e., 735 ± 46 pmol malondialdehyde mg protein-1, a 1.5-fold increase in this stress 14 
parameter as compared to that elicited in P. putida KT2440 upon the same treatment (Fig. 6B). Again, 15 
these results indicate that the absence of SthA- and PntAB-dependent transhydrogenation causes a 16 
weakening in the overall redox balance of P. putida, which in turn translates into endogenous ROS 17 
accumulation and lipid peroxidation (probably affecting other cell processes as well). However affected, 18 
the cells could cope with these redox insults up to some extent, and the biochemical reasons underlying 19 
these phenotypes in a transhydrogenase-deficient background were tackled next. 20 
 21 
The absence of transhydrogenation results in a redox imbalance partially compensated by an increase 22 
in the activity of native dehydrogenases 23 
 24 
The results of the phenotypic tests above disclose a link between redox balance, ROS formation, and 25 
macromolecular damage in the transhydrogenase mutants, especially when the cells are grown on 26 
aromatic compounds. However, the actual metabolic reason behind these phenotypes remains to be 27 
explored. The intracellular availability of redox cofactors thus bridges the gap between biochemical 28 
adaptation to the culture conditions tested here and the macroscopic phenotypes observed. In order to 29 
explore how the mutants react to an artificial imbalance in the intracellular availability of nicotinamide 30 
cofactors, a further redox perturbation was introduced into the biochemical network of P. putida by 31 
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overproducing a NADH oxidase from Streptococcus pneumoniae (Nox). Nox is a NADH-specific 1 
oxidase enzyme, largely non-reactive towards NADPH, which converts O2 to H2O with only a very 2 
minor formation of H2O2 (Auzat et al., 1999). Cellular energy demands are not affected by this enzyme 3 
(López de Felipe et al., 1998; Holm et al., 2010; Ebert et al., 2011), thereby allowing for the specific 4 
investigation of the impact of NADH oxidation on metabolism of the transhydrogenase mutants. Nox 5 
was thus selected to impose a metabolic burden by increasing redox cofactor oxidation. Over-6 
expression of the nox gene from plasmid pS234·nox in strain KT2440 resulted in specific NADH 7 
oxidase activities ranging from 1.5 to 2.6 mol min-1 mg protein-1, in the same range as reported by 8 
Ebert et al. (2011). The impact of this perturbation on cell metabolism was estimated by measuring the 9 
benzoate-dependent growth kinetics in cultures of the wild-type strain and the sthA pntAB double 10 
mutant carrying plasmid pS234·nox (Fig. 7A). Nox caused a ca. 28% decrease in  in P. putida 11 
KT2440, whereas the same conditions reduced the growth of the transhydrogenase-defective mutant 12 
by ca. 59%indicating that the elimination of SthA and PntAB impairs the ability of P. putida to 13 
accommodate the redox stress imposed by Nox. 14 
 15 
In our quest to understand how redox balance is maintained in the sthA pntAB background, the 16 
activities of the dehydrogenases that generate reducing power as NAD(P)H (Fig. 1A) was investigated 17 
in the P. putida mutant lacking transhydrogenases. Cells were grown on benzoate as the sole carbon 18 
source, as this situation imposes a redox-demanding metabolic regime as discussed above (see also 19 
Fig. 2). The NADP+-dependent Zwf, Gnd, and Icd dehydrogenases had a significant increase in their 20 
activities in the P. putida sthA pntAB mutant as compared to wild-type strain KT2440 (Fig. 7B). This 21 
difference was the largest for Gnd (2.6-fold increase), a dehydrogenase belonging to the oxidative PP 22 
pathway. Zwf (oxidative PP pathway) and Icd (TCA cycle) increased their in vitro activities in the 23 
transhydrogenase-deficient strain by ca. 60% and 44%, respectively, as compared to P. putida KT2440. 24 
Other dehydrogenases, the activities of which are presented in Fig. 3, displayed no significant 25 
differences in the double mutant strain (data not shown). When the activities of Zwf, Gnd, and Icd were 26 
evaluated under non-saturating, quasi in vivo conditions, all three dehydrogenases displayed a 27 
remarkable preference for NADP+ over NAD+ as the redox cofactor. Taking these results in perspective, 28 
it can be safely assumed that the lack of transhydrogenases in P. putida KT2440 results in an overall 29 
dearth of intracellular NADPH, which is partially counteracted by an increase in the activities of some 30 
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NADP+-dependent transhydrogenases from the central carbon metabolism of this bacterium under all 1 
the culture conditions tested. 2 
 3 
Interestingly, when the soluble SthA transhydrogenase from strain KT2440 was over-produced in the 4 
sthA pntAB genetic background, the benzoate-dependent increase in the activities of Zwf, Gnd, and 5 
Icd altogether disappeared (Fig. 7B). This was a surprising outcome, because [i] SthA is purported to 6 
catalyze the energy-independent NADPH→NADH conversion (Fig. 1B), i.e., it should not yield 7 
NADPH, and [ii] at least under these culture conditions, PntAB was not needed to restore the redox 8 
balance. At the light of the results above, this tenet may have to be revisited, as it is likely that the 9 
direction of transhydrogenation adopted by SthA and PntAB would be basically dependent on the 10 
environmental conditions in a driven-by-demand fashion. Boonstra et al. (2000), for instance, indicated 11 
that the reaction catalyzed by SthA from P. fluorescens in a cell-free biotransformation system is freely 12 
reversible and that the enzyme shows no predisposition towards a particular cofactor pool. The over-13 
expression of the native sthA gene in a recombinant E. coli strain engineered for production of poly(3-14 
hydroxybutyrate) also resulted in an increase in the NADPH availability (Sánchez et al., 2006). In all, it 15 
seems that SthA is capable of catalyzing the non-canonical reduction of NADP+ under metabolic 16 
conditions that require a surplus of NADPHthe biodegradation of harsh substrates being a prime 17 




Pyridine nucleotide redox cofactors are not only essential components of the cell, acting as electron 22 
carriers in a number of reduction and oxidation reactions, but their availability also mediates the ability 23 
of microorganisms to thrive under harsh conditionsas it is the case for some Pseudomonas species, 24 
burgeoning in heavily polluted environments. In this study, we have disclosed a network-wide 25 
adaptation of metabolic functions related to redox homeostasis that enables P. putida to use aromatic 26 
compounds as the carbon source. Biodegradation of these compounds is a highly NAD(P)H-demanding 27 
metabolic process, and this demand of reducing power is twofold. In the first place, several enzymes 28 
within the TOL degradation pathway use redox cofactors to catalyze the O2-dependent oxidation of their 29 
substrates (e.g., the benzoate-1,2-dioxygenase enzyme encoded by xylXYZ). Secondly, and apart of 30 
the explicit dependence of some oxido-reductases involved in biodegradation of aromatic compounds 31 
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on NAD(P)H, the very substrates impose stressful conditions to the cells exposed to them. The use of 1 
m-xylene or benzoate as the carbon source forces P. putida to use reducing equivalents not only to run 2 
the cognate biodegradation routes but also to counteract the oxidative and membrane-targeted stress 3 
produced by the substrates. Our results demonstrate that P. putida resorts to an increase in the 4 
NADPH regeneration rate to accommodate these metabolic insults by [i] increasing the activity of 5 
NADP+-dependent dehydrogenases in the central carbon catabolism network and [ii] balancing the pool 6 
of redox cofactors through the SthA and PntAB transhydrogenases. 7 
 8 
While in some organisms they appear to play an essential role under particular growth conditions 9 
(Hanson and Rose, 1980), transhydrogenases are altogether absent in other bacteria (Cordova and 10 
Antoniewicz, 2016). The situation with P. putida lies somewhere in between these two extremes: 11 
transhydrogenases seem to act as a safety device of redox metabolism, i.e., they facilitate the 12 
interconversion of redox cofactors whenever (and if) they are needed. It is tempting to extrapolate this 13 
situation to other bacteria equipped with specialized biodegradation pathways: when the cells face 14 
difficult-to-degrade substrates, they rely on network-wide adaptations as a first recourse to ensure 15 
redox homeostasis, and then the action of other specific metabolic mechanisms can further adjust the 16 
redox balance as needed. Interestingly, transhydrogenation was recently shown to be a highly 17 
conserved redox-buffering mechanism that allows for the evolution of metabolic pathways in E. coli 18 
(Chou et al., 2015) and Methylobacterium extorquens (Carroll and Marx, 2013). In line with these 19 
findings, it seems plausible that the emergence and evolution of biodegradation pathways occur only in 20 
the context of a core metabolic network that can successfully accommodate heavy cofactor imbalances. 21 
Transhydrogenases could therefore work as redox safety valves (de Lorenzo et al., 2015), e.g., by 22 
endowing Pseudomonas with the capacity to host and nurture the evolution of such pathways by 23 
ensuring that redox homeostasis is kept in good shape during the whole evolutionary process. Apart of 24 
transhydrogenation, other biochemical mechanisms that balance pyridine nucleotide pools 25 
independently of carbon metabolism include [i] ferredoxin-NADP+ oxido-reductases, [ii] NAD+ and 26 
NADH kinases, and [iii] NADP+-dependent hydrogenases. The genome of P. putida encodes proteins 27 
annotated to belong to the first and second functional categories, e.g., PP_5124 and PP_2012, 28 
respectively (Yeom et al., 2009; Nikel et al., 2013b). The possible relationship between these metabolic 29 
devices and biodegradation, along with other stress-responsive mechanisms such as the activity of 30 
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glutathione S-transferase (Vuilleumier, 1997), remains to be explored in Pseudomonads and opens 1 
new avenues to understand the evolutionary acquisition of stress-resistance traits. 2 
 3 
EXPERIMENTAL PROCEDURES 4 
 5 
Bacterial strains and culture conditions 6 
 7 
Bacterial strains and plasmids used in this study are listed in Table S1 in the Supporting Information. 8 
LB medium (Green and Sambrook, 2012) was used for routine maintenance of bacteria and during 9 
construction of mutant strains. Solid culture media contained 15 g l-1 agar. A modified M9 minimal 10 
medium was used for the physiological experiments, formulated to allow the growth of P. putida using 11 
different carbon substrates, and containing (in g l-1): Na2HPO4, 6.0; KH2PO4, 3.0; (NH4)2SO4, 1.4; NaCl, 12 
0.25; KCl, 0.25; MgSO4·7H2O, 0.2; CaCl2, 0.05; and polyoxyethylene sorbitan monooleate (TweenTM 13 
80), 0.15. This culture medium was added with 10 mM glucose, sodium citrate, or sodium benzoate 14 
(i.e., 60 mM of total carbon atoms), and 2.5 ml l-1 of a trace element solution (Nikel and de Lorenzo, 15 
2013b). The pH of the sodium citrate and the sodium benzoate solutions was equilibrated to reach 16 
neutrality. In experiments involving m-xylene as the carbon substrate, cells were grown in the modified 17 
M9 minimal medium in Erlenmeyer flasks especially designed to allow for the free diffusion of volatile 18 
substrates into the liquid phase, while avoiding direct contact of the cells with the bulk of the compound, 19 
which would altogether inhibit growth. Even though the actual concentration of m-xylene could not be 20 
assessed in these experiments, it can be safely assumed that the aromatic carbon substrate was not 21 
limiting during the whole cultivation period. In all experiments, the initial pH was adjusted prior to 22 
inoculation to 7.0  0.2 with 2 N NaOH or HCl as required. Concentrations of antibiotics were 150 or 23 
500 g ml-1 for ampicillin (when selecting E. coli and P. putida, respectively), and 50 g ml-1 for 24 
kanamycin (Km). MgSO4, CaCl2, antibiotics, the trace element solution, and soluble carbon sources 25 
were added separately as filter-sterilized concentrated solutions after autoclaving and cooling of the 26 
culture medium. All cultivations were carried out in an air shaker at 37°C (E. coli) or 30°C (P. putida) 27 
with agitation at 170 rpm. Inocula were prepared in the modified M9 medium containing citrate, and 28 
cells were washed twice by centrifugation and resuspension with the same medium but without any 29 
carbon source before inoculation of the working cultures. Unless indicated otherwise, all the 30 
physiological determinations were carried in mid-exponential cultures, when the optical density 31 
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measured at 600 nm (OD600) reached 0.4-0.7 units, half of the maximal cell density reached depending 1 
on the carbon source used (also note that cells grown on m-xylene had a longer lag phase than in 2 
citrate or benzoate cultures). In some experiments, oxidative stress conditions were imposed by adding 3 
either methyl viologen or menadione (2-methylnaphthalene-1,4-dione) at 0.5 mM to exponentially-4 
growing cells on citrate, after an OD600 of 0.15 ± 0.05 units was reached. Either drug was amended to 5 
the cultures from concentrated solutions freshly prepared in dimethyl sulfoxide, and an appropriate 6 
volume of dimethyl sulfoxide was added to control cultures. Normalized growth coefficients were 7 
calculated by measuring  in different conditions as indicated by Nikel et al. (2013a). In order to induce 8 
oxidative stress when assessing the activity of stress-responsive promoters, methyl viologen was 9 
added to the culture medium at 0.25 mM. Alternatively, H2O2 was supplemented at 1.5 mM. 10 
 11 
General DNA manipulations and mutant construction 12 
 13 
DNA procedures followed standard protocols and specific recommendations from manufacturers. 14 
Plasmid DNA was maintained in E. coli CC118 and prepared using the Wizard Plus SV Minipreps kit 15 
(Promega Corp., Madison, WI, USA), and DNA fragments were purified with the NucleoSpin Extract II 16 
kit (Macherey-Nagel GmbH & Co. KG, Düren, Germany). Oligonucleotides were purchased from 17 
Sigma-Aldrich Co. (St. Louis, MO, USA), and their sequences are provided in Table S2 in the 18 
Supporting Information. DNA sequences were verified and visually inspected for errors using the 19 
Pseudomonas Genome Database (Winsor et al., 2016) as a reference and the BlastN tool (Chen et al., 20 
2015). For mutants construction, 500-bp upstream and downstream regions flanking the gene(s) to be 21 
deleted were amplified with Pfu DNA polymerase (Promega Corp.) and both fragments were joined 22 
together by splicing-by-overlap extension (SOEing) PCR (see Table S2 in the Supporting Information). 23 
The resulting 1.0-kb knockout segments were purified and, after digestion with the appropriate 24 
restriction enzymes, ligated into the corresponding sites of vector pEMG (restricted with the same 25 
enzymes), and transformed into E. coli DH5 pir for visual screening of ligation events in LB medium 26 
plates containing 5-bromo-4-chloro-3-indolyl-β-D-galactopyranoside as detailed elsewhere (Martínez-27 
García and de Lorenzo, 2011). Candidate clones were confirmed by sequencing, and the resulting 28 
pEMG-derivatives were delivered into target cells by tri-parental mating (Ruiz et al., 2006; Martínez-29 
García et al., 2014a). For resolution of co-integrates in the merodiploids, the helper plasmid pSW-I was 30 
entered in the target strains by electroporation of 50 ng of plasmid DNA in selected KmR-clones 31 
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followed by selection of transformants on LB medium plates with 500 g ml-1 ampicillin. The expression 1 
of I-SceI was induced in exponential cultures of these transformants in LB medium containing 15 mM 3-2 
methylbenzoate, and KmS-clones were selected and checked by colony PCR for targeted deletions with 3 
the external oligonucleotides used to construct the 1.0-kb knockout DNA segments. In most of the 4 
experiments, P. putida KT2440 was transformed with the catabolic TOL plasmid pWW0-161::Tn5-63 5 
(termed pWW0 for the sake of simplicity, see Table S1 in the Supporting Information for details) as 6 
previously described (Arce-Rodríguez et al., 2015). In some complementation experiments, the sthA 7 
gene from strain KT2440 was amplified by PCR; the oligonucleotides used for this amplification were 8 
added with a synthetic ribosome binding site and the resulting amplicon was cloned into the low-copy-9 
number vector pSEVA228 (carrying the XylS/Pm expression system) digested with AvrII and SacI. The 10 
expression of sthA from the corresponding plasmid, termed pS228·sthA, was induced by adding 3-11 
methylbenzoate at 1 mM at the onset of the cultivation. An E. coli strain devoid of sthA and pntAB was 12 
constructed by passing the pntA751::aphA and pntB::aphA alleles from strains JW1595-1 and JW1594-13 
1, respectively, into E. coli JW5551-1 (sthA750::aphA) by P1 transduction (Nikel and de Lorenzo, 14 
2013a) and curing the antibiotic-resistance determinant after each step using plasmid pCP20 as 15 
described by Datsenko and Wanner (2000). 16 
 17 
Phenomic characterization of bacterial strains using the Phenotypic MicroArray technology 18 
 19 
The PM technology was employed for phenomic tests of the P. putida mutants by Biolog Inc. A 20 
comprehensive PM profiling was carried out by adopting the full set of 20 plates designed to reveal 21 
metabolic and stress-endurance differences between the wild-type P. putida strain and its 22 
transhydrogenase-defective derivatives. The experimental setup and interpretation of the results was 23 
carried out as indicated elsewhere (Nikel et al., 2013b; Martínez-García et al., 2014b). 24 
 25 
Preparation of membranes and cell-free extracts and in vitro enzymatic determinations 26 
 27 
Cell-free extracts were prepared from cells grown to mid-exponential phase (OD600 ca. 0.5-0.7) and 28 
harvested by centrifugation from an appropriate culture volume at 4,000g at 4°C for 15 min (Nikel and 29 
Chavarría, 2015). Pellets were first suspended in 1 volume of ice-cold 50 mM Tris·HCl (pH = 7.5), 30 
containing 1.5 mM 1,4-dithio-D-threitol, 5 mM MgCl2, and a commercially-available EDTA-free protease 31 
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inhibitor cocktail (cOmpleteTM ULTRA tablets, Sigma-Aldrich Co.); and centrifuged again as indicated 1 
above. Cells were then resuspended in the same buffer at ca. 0.5 g wet cell weight ml-1 and sonicated 2 
intermittently for 6 min with successive sonication (1 min) and cooling (1 min) cycles. Sonicated cells 3 
were centrifuged at 7,500g at 4°C for 30 min to remove cell debris and to reduce the 4 
NAD(P)H/NAD(P)+ background in the lysate. Total protein concentration in cell-free extracts was 5 
measured by the Bradford method (1976) using a commercially-available reagent from Sigma-Aldrich 6 
Co.; crystalline bovine serum albumin was used as standard. Detailed protocols used to quantify the 7 
activities of Gap, PDH, Zwf, Gnd, Icd, Suc/Kgd, Mdh, and MaeB in the cell-free extracts are given in the 8 
Supporting Information. All the determinations used the preferred redox cofactor of the enzyme at stake 9 
as determined under non-saturating, quasi in vivo conditions (Nikel et al., 2015). Membranes were 10 
prepared from ca. 2 g wet cell weight, and following the same washing and sonication procedure 11 
explained above. Unbroken bacterial cells were removed by centrifugation at 12,500g at 4°C for 10 12 
min in a Beckman model L ultracentrifuge (Beckman Coulter Inc., Indianapolis, IN, USA), and 13 
membranes were then collected by centrifugation at 150,000g at 4°C for 45 min. The membrane 14 
fraction was reconstituted in 1.5 ml of the same buffer used for cell disruption, and kept in ice until 15 
assayed. Transhydrogenase activity in the cell-free extract and the membrane preparation was 16 
determined by a modification of the methods described in the literature (Kaplan et al., 1952; Sauer et 17 
al., 2004; Fuhrer and Sauer, 2009), as explained in the Supporting Information. All the enzymatic 18 
determinations were carried out at 30ºC, and one unit of activity was defined as the quantity of enzyme 19 
that catalyzed the transformation of 1 mol of the corresponding substrate in 1 min under the specific 20 
assay conditions. The intracellular concentration of NADPH was assessed as described previously by 21 
Chavarría et al. (2013), with the modifications indicated by Nikel and Chavarría (2015). 22 
 23 
Construction of translational fusions and in vitro assessment of β-galactosidase activity 24 
 25 
DNA regions upstream of sthA and pntA were inspected with the OperonDB tool (Pertea et al., 2009) to 26 
identify candidate promoter regions. Sequences spanning 500 bp upstream of the start codon, and 27 
containing such putative promoters along with 92 bp inside the coding sequence, were amplified by 28 
PCR from genomic DNA of strain KT2440 using oligonucleotides sthA_TF-F and sthA_TF-R, and 29 
pntA_TF-F and pntA_TF-R. After digestion, the resulting DNA segments were cloned in the appropriate 30 
restriction sites (EcoRI and BamHI for the sthA fragment, and EcoRI and HindIII for the pntA fragment) 31 
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of the broad-host-range vector pSEVA225T, thereby generating in-frame translational fusions to lacZ. 1 
These constructs were transferred to P. putida KT2440(pWW0) by tri-parental mating. Cells carrying 2 
these constructs were grown up to mid-exponential phase under the conditions indicated in the text, 3 
and the levels of LacZ activity were measured in cells permeabilized with CHCl3 and sodium dodecyl 4 
sulfate (Griffith and Wolf, 2002). As in some cases the β-galactosidase activity was below 1,000 Miller 5 
units, the activity was also assessed using the highly-sensitive Galacto-Light Plus™ assay method 6 
(Applied BioSystems, Foster City, CA, USA), based on the chemiluminiscent Galacton-PlusTM 7 
substrate. For this assay, 500-1,000 l aliquots of cultures were centrifuged at 14,000g for 2 min at 8 
room temperature and the pellets were quickly resuspended in 200 l of lysis buffer [100 mM 9 
potassium phosphate (pH = 7.8) containing 0.2% (vol/vol) Triton X-100]. Samples were then subjected 10 
to two freezing-and-thawing cycles (at –80°C and 50°C, respectively) and centrifuged again for 1 min at 11 
14,000g at room temperature to eliminate cell debris. Triplicate 20-l samples of the cleared 12 
supernatant were distributed in 96-well microtitre plates, diluted with 80 l of reaction buffer [freshly-13 
prepared 100 mM sodium phosphate (pH = 7.8), 1 mM MgCl2, and 1 Galacton-PlusTM substrate] and 14 
incubated for 30 min at room temperature. These samples were added with 100 l of a light emission 15 
accelerator (Accelerator-IITM, containing Sapphire-II™ enhancer) and light emission was immediately 16 
recorded for the next 2 min according to the manufacturer's instructions. 17 
 18 
Construction of transcriptional reporters to investigate the stress response of P. putida 19 
 20 
In order to assess the stress response of P. putida when exposed to aromatic compounds and stress 21 
agents, we resorted to transcriptional fusions of the promoters of three stress marker genes, i.e., ahpC 22 
(PP_2439, alkyl hydroperoxide reductase), katA (PP_0481, catalase), and katB (PP_3668, 23 
catalase/peroxidase HPI). The plasmid-based transcriptional fusions of PahpC and PkatA to the gene 24 
encoding msf·GFP have been described previously (Svenningsen et al., 2015). We constructed another 25 
stress transcriptional reporter by amplifying the region –376 to –4 upstream of katB using 26 
oligonucleotides katB_TF-F and katB_TF-R (Table S2 in the Supporting Information). The resulting 27 
amplicon, spanning the promoter region of katB, was inserted into the SacI/BamHI sites of the pBBR1-28 
based broad-range-host vector pSEVA237M harboring a promoterless msf·gfp gene (Silva-Rocha et 29 
al., 2013; Benedetti et al., 2016). The plasmids containing the corresponding fusions (pSR·ahpC, 30 
pSR·katA, and pSR·katB, Table S2 in the Supporting Information) were electroporated into P. putida 31 
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KT2440 carrying pWW0 as described above. Recombinant cells were grown until mid-exponential 1 
phase on the different carbon sources as indicated in the previous sections. For fluorescence detection, 2 
culture samples of 0.5 mL were pelleted by centrifugation (4,000g, 10 min, 4°C) and re-suspended in 3 
sterile-filtered 0.9% (w/v) NaCl to an OD600 = 0.4. To detect the induction of bioreporters under the 4 
conditions tested, cells were first gated in a side scatter against forward scatter plot, and then the 5 
fluorescence from msf·GFP was recorded in the FL1 channel (515-545 nm). 6 
 7 
In vivo determination of ROS formation by flow cytometry and in vitro assessment of lipid peroxidation 8 
 9 
The oxidant-sensitive probe H2DCF-DA was used to measure the intracellular ROS levels. Cells from 10 
1.5-5.0 ml aliquots of the cultures with different carbon sources indicated in the text were pelleted by 11 
centrifugation at 5,000g during 5 min, washed once with phosphate-buffered saline (PBS, pH = 7.5, 12 
previously filtered using a 0.45-m membrane), and resuspended in PBS to adjust the OD600 to ca. 0.1. 13 
The resulting cell suspension was added with H2DCF-DA at 40 M (from a freshly-prepared 4 mM 14 
stock solution in dimethyl sulfoxide), and then incubated in the dark for 15 min at room temperature. 15 
Flow cytometry analysis of fluorescence levels was performed in a GalliosTM flow cytometer (Beckman 16 
Coulter Inc.) equipped with an argon ion laser of 15 mW at 488 nm as the excitation source. 17 
Fluorescence emission at 525 nm was detected using a 530/30-nm band pass filter array. Data was 18 
analyzed and processed as detailed by Pérez-Pantoja et al.  (2013). TBARs were determined in cell 19 
extracts as described by Semchyshyn et al. (2005) and Pérez et al. (2008). Cell suspensions (1.5 ml) 20 
were precipitated by the addition of 1.5 ml of 20% (w/v) trichloroacetic acid and centrifuged at 5,000g 21 
for 5 min, and supernatants were mixed with 3 ml of a saturated solution of 2-thiobarbituric acid 22 
dissolved in 100 mM HCl and 10 mM 2,6-bis(1,1-dimethylethyl)-4-methylphenol (i.e., butylated 23 
hydroxytoluene). Samples were heated at 95°C for 60 min, and 1.5-ml aliquots were removed, chilled 24 
on ice, and mixed with 1.5 ml of n-butanol. After centrifugation at 5,000g for 10 min, the organic 25 
fraction was removed, and the absorbance at 535 nm was measured. The concentrations of TBARS 26 
formed in each assay were calculated based on a standard curve for the malondialdehyde (Sigma-27 
Aldrich Co.) complex with 2-thiobarbituric acid; the molar absorption coefficient (TBAR) was 156 mM-1 28 




Plasmid-based expression of nox from Streptococcus pneumoniae and in vitro evaluation of NADH 1 
oxidase activity 2 
 3 
The gene encoding NADH oxidase from S. pneumoniae strain Cp1015 was excised from plasmid 4 
pTrc99A-nox (Table S2 in the Supporting Information) by digestion with BamHI and PstI. The resulting 5 
1.4-kb DNA fragment, encompassing nox along with an artificial ribosome binding site (Vemuri et al., 6 
2006), was sub-cloned into the expression vector pSEVA234 restricted with the same enzymes. This 7 
operation gave rise to plasmid pS234·nox, in which the expression of nox is driven by a LacIQ/Ptrc 8 
element. This plasmid was transferred to the P. putida strains indicated in the text, and the expression 9 
of nox was induced by addition of isopropyl-β-D-1-thiogalactopyranoside at 0.5 mM at the onset of the 10 
cultivation. The total NADH oxidase activity was measured spectrophotometrically by monitoring the 11 
initial rate of decrease in NADH absorbance at 340 nm and at 30°C in the soluble fraction obtained 12 
from a total cell-free extract (Auzat et al., 1999). The soluble and the membrane fractions of the cell-13 
free extracts were prepared and separated as explained above in an attempt to enrich the soluble 14 
fraction in the Nox activity, i.e., to minimize the possible interference of the native, membrane-bound 15 
NDHI and NDHII oxidases of P. putida KT2440 (Ebert et al., 2011). The assay mixture for NADH 16 
oxidase contained 0.2 mM NADH and O2, the second substrate of Nox, was provided by an air-17 
saturated buffer, composed of 100 mM MES [2-(N-morpholino)ethane sulphonic acid], 50 mM N-18 
ethylmorpholine, and 50 mM diethanolamine, freshly prepared for each run and equilibrated at pH = 19 
8.2. One unit of NADH oxidase activity corresponds to the oxidation of 1 mol of NADH per min, using 20 
a molar extinction coefficient for NADH (NADH) of 6.22 mM-1 cm-1 at 340 nm. 21 
 22 
Statistical analysis 23 
 24 
All of the reported experiments were independently repeated at least twice (as indicated in the 25 
corresponding figure legend), and the mean value of the corresponding parameter  standard deviation 26 
is presented. The level of significance of the differences when comparing results was evaluated by 27 
means of the Student's t test, with  = 0.05. For the flow cytometry experiments, the x-mean 28 
fluorescence value is reported in box plots along with the first and third quartiles. In these experiments, 29 
the statistical significance was analysed with the Mann-Whitney U test, and the comparison among 30 
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Table 1. Growth kinetic parameters in batch cultures of Pseudomonas putida and its transhydrogenase-3 
defective derivatives. 4 
 5 
P. putida strain 
Specific growth rate (h-1) in minimal medium with: 
Glucose Citrate Benzoate m-Xylene 
KT2440 0.59 ± 0.05 0.71 ± 0.03 0.49 ± 0.08 0.24 ± 0.03 
sthA 0.55 ± 0.06 0.69 ± 0.04 0.21 ± 0.02 0.14 ± 0.02 
pntAB 0.58 ± 0.02 0.67 ± 0.04 0.39 ± 0.03 0.18 ± 0.04 
sthA pntAB 0.49 ± 0.07 0.67 ± 0.05 0.22 ± 0.03 0.11 ± 0.02 
 6 
a  The values shown represent the mean of the corresponding parameter  SD of triplicate 7 
 measurements from at least three independent experiments. All the strains were transformed with the 8 






FIGURE 1. Central metabolism of Pseudomonas putida KT2440 and biochemical mechanisms 3 













(A) Simplified scheme of the main metabolic blocks in strain KT2440. The relevant enzymatic steps 17 
involved in redox homeostasis are identified using red arrows, and the locus (PP) numbers are given as 18 
annotated by Nelson et al. (2002) and Belda et al. (2016). The broken line connecting glucose-6-P and 19 
glyceraldehyde-3-P represents the 6-phosphofructo-1-kinase activity missing in this bacterium, which 20 
results in an incomplete Embden-Meyerhof-Parnas (EMP) pathway. Branched pathways conducive to 21 
the same metabolic intermediate are not shown in the outline, and catabolic and anabolic pathways 22 
included in this scheme are limited to those generating either pyruvate and acetyl-coenzyme A (CoA). 23 
(B) Proposed role of the SthA and PntAB pyridine nucleotide transhydrogenases in redox homeostasis. 24 
Note that both bioreactions are in principle reversible under physiological conditions. The activity of the 25 
membrane-bound PntAB transhydrogenase is associated to H+ pumping between the internal (in) and 26 
external (out) space. (C) Genetic organization of the sthA and pntAB genetic loci in P. putida KT2440. 27 
The sthA gene (PP_2151) is flanked upstream by PP_2150, an ApbE family lipoprotein, and 28 
downstream by PP_2152, a glycerophosphoryl diester phosphodiesterase. The pntAB genes (PP_0156 29 
and PP_0155, respectively) are flanked upstream by PP_0154, an acetyl-coenzyme A 30 
hydrolase/transferase family protein, and downstream by PP_0157, a LysR family transcriptional 31 
regulator. Targeted deletion mutants constructed in this work are identified by a  symbol, and the 32 





FIGURE 2. Phenotypic and transcriptional stress response of Pseudomonas putida 1 













 (A) Flow cytometry-assisted determination of ROS formation. The geometric mean (x-mean) of 15 
dichlorofluorescein (DCF) fluorescence levels was analyzed for each carbon source. DCF fluorescence 16 
directly correlates with ROS accumulation. Box plots represent the median value and the 1st and 3rd 17 
quartiles of the x-mean values from four independent experiments conducted in triplicates, and different 18 
letters identify significant differences at P < 0.05 as indicated by the Mann-Whitney U test (n = 4). (B) 19 
Transcriptional activity of stress-responsive promoters under different growth regimes. Three different 20 
oxidative stress reporters were constructed by placing the corresponding promoter (Px, where x 21 
represents either ahpC, katA, or katB) in a pBBR1-based, kanamycin-resistant (aphA) vector bearing 22 
the promoterless gene encoding the monomeric and superfolder GFP (msf·GFP). Note that the 23 
Px→msf·gfp construct in each reporter plasmid is transcriptionally insulated by means of the T0 and T1 24 
terminators. The elements in this diagram are not drawn to scale. The x-mean of the msf·GFP 25 
fluorescence was detected by flow cytometry in cells grown exponentially on the indicated carbon 26 
substrates. In a different set of experiments, positive controls of oxidative stress conditions were 27 
included by treating the cells with methyl viologen (MV) or H2O2 as indicated in the Experimental 28 
Procedures section, and the resulting msf·GFP fluorescence was compared to that in cells harvested 29 
from non-treated cultures (Nil). A.F.U., arbitrary fluorescence units. Bars represent the mean value of 30 
the x-mean of the msf·GFP fluorescence  standard deviation of triplicate measurements from at least 31 





FIGURE 3. In vitro evaluation of the activity of the main dehydrogenases in the central 1 




Specific (Sp) in vitro activities of the indicated dehydrogenases were determined in cells grown on 6 
citrate (C), benzoate (B), or m-xylene (X) as the sole carbon source. Selected dehydrogenases 7 
belonging to the EMP pathway (Gap, glyceraldehyde-3-P dehydrogenase; and PDH, pyruvate 8 
dehydrogenase), the pentose phosphate (PP) pathway (Zwf, glucose-6-P dehydrogenase; and Gnd, 9 
gluconate-6-P dehydrogenase), and the tricarboxylic acid (TCA) cycle and gluconeogenesis (Icd, 10 
isocitrate dehydrogenase; Suc/Kgd, 2-ketoglutarate dehydrogenase; Mdh, malate dehydrogenase; and 11 
MaeB, malic enzyme) were assayed in cell-free extracts of exponentially-growing P. putida 12 
KT2440(pWW0) cultures as indicated in the Experimental procedures section. Bars represent the mean 13 
value of the specific enzymatic activity  standard deviation of duplicate measurements from at least 14 
two independent experiments, and different letters indicate significant differences (Student's t test, P 15 





FIGURE 4. Genetic and biochemical characterization of the two pyridine nucleotide 1 

















DNA amplicons, spanning (A) the regulatory 5'-untranslated DNA region upstream the sthA promoter, 19 
the putative PsthA promoter, and the sequence encoding the first 30 amino acids of SthA or (B) the 20 
regulatory 5'-untranslated region upstream the pntA promoter, the putative PpntA promoter, and the 21 
sequence encoding the first 30 amino acids of PntA were obtained by PCR using genomic DNA from 22 
strain KT2440 as the template, and cloned into the empty pSEVA225T vector to construct (sthA'-23 
'lacZ) and (pntA'-'lacZ) in-frame translational fusions. Plasmids pSTF·SthA and pSTF·PntA, carrying 24 
these constructs, were transformed into Pseudomonas putida KT2440(pWW0). The elements in the 25 
plasmids outline are not drawn to scale. Cells were grown on the carbon source indicated in each case, 26 
and the specific -galactosidase activity was determined as detailed in the Experimental Procedures 27 
section during exponential growth (note that the time needed to reach this physiological state depended 28 
on the carbon source used). Bars represent the mean value of the specific -galactosidase activity  29 
standard deviation of duplicate measurements from at least three independent experiments, and 30 
different letters indicate significant differences (Student's t test, P value < 0.05). AFU, arbitrary 31 
fluorescence units; OD600, optical density measured at 600 nm. The in vitro specific (Sp) 32 
transhydrogenase activity was evaluated in cell-free extracts of P. putida KT2440(pWW0) and its 33 
mutant derivatives grown on different carbon sources (C) and wild-type Escherichia coli grown on 34 
glucose (D). The gray and orange dashed lines represent the background transhydrogenation detected 35 
in a cell-free extract of either P. putida KT2440 sthA pntAB or E. coli BW25113 sthA pntAB, 36 
respectively. Bars represent the mean value of the specific enzymatic activity  standard deviation of 37 
triplicate measurements from at least two independent experiments, and different letters indicate 38 




FIGURE 5. Phenomic analysis and stress-sensitivity assay of the sthA and pntAB mutants of 2 













(A) Selected gain-of-function (black) and lost-of-function (red) phenotypes of the mutant strains as 16 
compared to wild-type P. putida KT2440. The phenotypes shared by both strains are indicated in the 17 
overlapping region of the boxes representing the phenotypic traits of individual sthA and pntAB 18 
mutants. The main lost-of-function signature of both strains, indicated by a purple box, was related to 19 
high sensitivity to the oxidant methyl viologen (Paraquat, N,N′-dimethyl-4,4′-bipyridinium dichloride). (B) 20 
Functional validation of the stress-sensitivity phenotypes of transhydrogenase-defective mutants. 21 
Normalized growth coefficients quantify the fraction of the specific growth rate () attained by the cells 22 
in the presence of a stress agent when compared with that computed under control conditions (see 23 
Experimental Procedures for details). The gray dashed line represents the normalized growth 24 
coefficient when no changes in  exist (i.e., it equals the unit), while the red dashed line shows the 25 
maximal growth inhibition in the wild-type P. putida strain. Each bar represents the mean value of the 26 
normalized growth coefficient  standard deviation of triplicate measurements from at least four 27 





FIGURE 6. Transhydrogenase mutants of Pseudomonas putida accumulate increased amounts 1 














  16 
(A) Flow cytometry-assisted determination of ROS formation. The geometric mean (x-mean) of 17 
dichlorofluorescein (DCF) fluorescence levels was analyzed for each culture condition (each diamond 18 
symbol shown to the left represents a technical replicate, along with their distribution). Box plots 19 
represent the median value and the 1st and 3rd quartiles of the x-mean values, and different lowercase 20 
letters identify significant differences at P < 0.05 as indicated by the Mann-Whitney U test (n = 4 or 6). 21 
The gray rectangle in each plot represents the maximum x-mean value of DCF fluorescence obtained 22 
for all the strains grown in citrate cultures (see also Fig. 2A). (B) Lipid peroxidation in the 23 
transhydrogenase mutants. Membrane lipid peroxidation was measured in vitro by assessing the ROS-24 
dependent production of 2-thiobarbituric acid reactive species (i.e., malondialdehyde). H2O2 was added 25 
to a separate set of cultures as a ROS elicitor (i.e., positive control). Each bar represents the mean 26 
value of the content of 2-thiobarbituric acid reactive species  standard deviation of triplicate 27 
measurements from at least two independent experiments, and different letters indicate significant 28 





FIGURE 7. Redox homeostasis in the transhydrogenase mutant of Pseudomonas putida during 1 












  14 
(A) Impact of endogenous redox stress in the P. putida sthA pntAB strain. The specific growth rate 15 
() of wild-type P. putida KT2440 and its transhydrogenase-defective derivative was determined in 16 
benzoate cultures in cells overproducing a H2O-forming NADH oxidase from Streptococcus 17 
pneumoniae (Nox). Control strains, indicated as (), carried an empty pSEVA234 vector. (B) Specific 18 
(Sp) in vitro activities of glucose-6-P dehydrogenase (Zwf),  gluconate-6-P dehydrogenase (Gnd), and 19 
isocitrate dehydrogenase (Icd) in cells grown on benzoate. The Sp enzymatic activities for the wild-type 20 
strain are as shown in Fig. 1. For the complementation experiments, the double sthA pntAB mutant 21 
was transformed with an expression plasmid bearing the sthA gene from P. putida KT2440 under 22 
control of the XylS/Pm expression system. Each bar represents the mean value of the content of the 23 
corresponding parameter  standard deviation of triplicate measurements from at least two 24 
independent experiments, and different letters indicate significant differences (Student's t test, P value 25 
< 0.05). 26 
